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those from S. alterniflora sediments. The majority of influential OTUs acted to separate the S.
alterniflora community from the rest of the samples on the ordination, while only OTU141 was
more prevalent in the J. roemerianus sediment archaeal community. At a broader taxonomic
level, just over half of the archaeal sequences detected in Bayou Dularge saltmarsh sediments
classified as members of the Euryarchaeota, which could be further divided into thermophilic,
methanogenic, and miscellaneous Euryarchaeota (Figure 2.4). Sequences identified as members
of the Crenarchaeota were also abundant, typically accounting for 40-50% of the dataset (Figure
2.4). Fungal 18S rRNA gene fragments could be amplified from 27 of the 36 samples: 11 from
Bayou Dularge (3 from J. roemerianus sediments, 4 from S. alterniflora, 4 from edge
sediments), 6 from Cocodrie (2 from J. roemerianus sediments, 2 from S. alterniflora, 2 from
edge sediments), and 10 from Four League Bay (4 from J. roemerianus sediments, 3 from S.
alterniflora, 3 from edge sediments). A total of 88 different bands across all 27 samples were
observed following DGGE, with each sample having a mean of 16 +1 bands. NMDS ordination
of DGGE banding profiles suggested that there were no differences in sediment fungal
communities between the different vegetation types; rather, fungal communities differed
between each of the three saltmarshes sampled (Jaccard-based AMOVA, p<0.001, Figure 5a).
Fungal assemblages at all three sites were dissimilar from each other in individual pairwise
analyses, with Bayou Dularge and Four League Bay being the most different (Jaccard-based
AMOVA, p<0.001), followed by Four League Bay and Cocodrie (Jaccard-based AMOVA,
p=0.004), and Cocodrie and Bayou Dularge (Jaccard-based AMOVA, p=0.018). The latter two
sites were not significantly different because of the Bonferroni correction required for multiple
pairwise comparisons (critical p=0.0167), but were highly suggestive of being dissimilar. Taking

the Bayou Dularge site as an example, even within each individual wetland there was no
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Figure 2.4 Archaeal Lineages: Relative proportions of major archaeal lineages in sediments
taken from a southeast Louisiana saltmarsh (Bayou Dularge) as determined from Illumina 16S
rRNA gene sequencing. Sediments were vegetated with Juncus roemerianus (black bars),
Spartina alterniflora (white bars), or taken from the edge between these vegetation types (gray
bars). Each bar represents the mean (+ SE) composition based on four samples, with a mean of
23,236 sequence reads per sample. The group Crenarchaeota consists of all reads that were
identified as being related to the classes C2, and Thermoprotei, as well as the deep sea vent clone
pMC2A15. Thermophilic Euryarchaeota contains the class Thermoplasmata and the
hydrothermal vent clones pMC2A209 and Sd-NA. Methanogenic Euryarchaeota consists of the
classes Methanomicrobia, Methanococci, Methanobacteria, and the candidate division MSBL1
which are involved in methanogenesis, Miscellaneous Euryarchaeota contains all other
Euryarchaeota identified which includes the Deep Sea Euryarchaeota Group (DSEG) members
BCO07-2A-27 and DHVES, the surface water clone NO27FW, the methanotrophic order ANME-1,
Halobacteria, and miscellaneous/unidentified WCHD3-30 and pMC2A384. The phylum
Thaumarchaeota was also detected in three of the four J. roemerianus sediments, but accounted
for <0.5% of the community in each sample.

apparent effect of J. roemerianus and S. alterniflora on the sediment fungal community as
NMDS ordination showed no separation of points by vegetation type (Figure 2.5b). Illumina
sequencing of fungal ITS fragments from the Bayou Dularge wetland sediments returned
572,387 valid sequences As with the DGGE data, fungal communities from J. roemerianus and

S. alterniflora sediments were not significantly different (theta-based AMOVA, p=0.405,
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Figure 2.5 Fungal Community Structure: The first two dimensions from three dimensional
NMDS ordinations of fungal community structure in sediments from three saltmarshes (Cocodrie
(circles), Four League Bay (triangles), Bayou Dularge (diamonds)) in southeast Louisiana, USA,
that were taken from areas vegetated with Juncus roemerianus (black symbols), Spartina
alterniflora (white symbols), or the edge between these vegetation types (gray symbols).
Ordinations were based on Jaccard similarity scores of DGGE profiles of amplified 18S rRNA
gene fragments from all sites (a; stress = 0.25), DGGE profiles of amplified 18S rRNA gene
fragments from the Bayou Dularge site only (b; stress = 0.18), or theta similarity scores of each
community following Illumina sequencing of ITS fragments from the Bayou Dularge site only
(c; stress = 0.18).
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Figure 2.5¢). The removal of rare sequence types accounting for < 0.001%, 0.01%, or 0.1% of
the community did not change these findings (Jaccard-based AMOVA, p=0.286, 0.290, or 0.590,
respectively).

Fungal assemblages in all three types of sediment (J. roemerianus, S. alterniflora, or
edge) were dominated by members of Pezizomycotina (Ascomycota), which accounted for 60.7%
of the fungal sequences obtained (Figure 2.6). Fungal community structure was similar across all
sediment samples in regards to relative abundances of sequences from major fungal taxa, the one
exception being sequences related to order Lobulomycetales (Chytridiomycota), which accounted
for 2% of the fungal sequences obtained from S. alterniflora sediments, but were absent from the
J. roemerianus dataset, although this difference was not quite statistically significant (ANOVA,
p=0.069). Many of the fungal sequences obtained could not accurately be identified beyond the
phylum level, and 8% could not be classified further than being recognized as Fungi (Figure 2.6).
Correlations of environmental variables to NMDS axes scores for each microbial group
(Bacteria, Archaea, Fungi) indicated calcium content to be a significant driver of differences in
bacterial community structure between J. roemerianus and S. alterniflora sediments (Spearman
ranked correlation, p=0.026). Fungal communities were influenced by water pH and % sediment
moisture (p=0.025 and 0.024, respectively). There were no significant correlations between
enzyme activity and microbial community composition as expressed as NMDS axes scores
2.4 Discussion

We examined the effects of vegetation type on microbial community composition and
function in saltmarsh ecosystems to determine whether microbial communities were structured.

primarily by vegetation, or by specific site conditions. The data suggest that saltmarsh bacterial
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Figure 2.6 Fungal Lineages: Relative proportions of major fungal lineages in fungal communities in sediments taken from a southeast
Louisiana saltmarsh (Bayou Dularge) as determined from Illumina ITS sequencing. Sediments were vegetated with Juncus
roemerianus (black bars), Spartina alterniflora (white bars), or taken from the edge between those zones (gray bars). Proportions are
derived from the results of BLAST searches of GenBank of 100 randomly selected reads from each sediment sample. Each bar
represents the mean (x SE) composition based on four samples.
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communities can be related to vegetation type, but that site specific characteristics may be of
equal or greater importance for overall community composition. Our data does not show an
effect of vegetation on sediment fungal communities in these systems. For archaeal communities,
our data suggest an effect of vegetation type; however the lower sample recovery of archaeal 16S
rRNA gene fragments (compared to bacterial fragments) limited the statistical power of our
analyses. Relatively low levels of sediment Archaea have been noted in other saltmarshes (Burke
et al., 2002), likely because they are outcompeted by sulfate-reducing bacteria in typically sulfate
rich salt marsh sediments.

Site effects have been noted by other studies investigating microbial communities in salt
and brackish marshes, and contradict studies of upland microbial communities that suggest plant
species composition is more important in shaping microbial communities than site. Studies
ranging from forests and grasslands (Degens and Harris, 1997; Kourtev et al., 2002) to
agricultural systems (Schutter and Dick, 2001) show a clear effect of vegetation on microbial
community structure. The same, however, cannot be said for wetlands, where a comparatively
smaller number of studies suggest that site characteristics may be more important (Ravit et al.,
2003; Ravit et al., 2006). However, those previous studies used phospholipid fatty acid (PLFA)
analysis for community identification rather than the finer scale next generation sequencing
methods reported here. Our finding that saltmarsh bacterial communities do appear to be
influenced by vegetation type suggests the need to use more targeted methods for specific
components of the overall microbial community in order to detect vegetation effects in wetlands.

Bacterial communities in J. roemerianus and S. alterniflora sediments differed using both
DGGE and Illumina sequencing. OTUs that distinguished S. alterniflora from J. roemerianus

included one of the most numerous in our sequence libraries, OTUOQL, identified as a member of
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the Chromatiaceae, or purple sulfur bacteria. These anaerobic phototrophs oxidize sulfide to
sulfate, and represented a greater proportion of the bacterial community in S. alterniflora
sediments. In contrast, OTU06, a member of the Desulfobacteraceae (a family of anaerobic
sulfate reducing bacteria), was found in greater relative abundance in J. roemerianus sediments.
The sulfate requirement for members of the Desulfobacteraceae is likely to come directly from
tidal water, whereas the Chromatiaceae require reduced sulfur (sulfide), which would
presumably be generated from sulfate reduction in anaerobic pore water. Differences in sulfur
chemistry could be accounting for some of the vegetation-linked patterns in bacterial community
structure, perhaps through vegetation effects of the dominant sulfur species (Madureira et al.,
1997; Hines et al., 1999). Total sulfur content was not significantly different between the
vegetation types as a whole, but within individual saltmarshes S. alterniflora vegetated sediments
tended to have lower total sulfur than the J. roemerianus sediments, suggesting that plant-related
patterns in sulfur chemistry could potentially explain some bacterial community patterns.
Calcium was found to be related to the distribution of bacterial communities in NMDS
ordinations, and while its direct influence on bacterial communities may be difficult to
determine, calcium can form complexes with organic acids and impact the availability of other
nutrients (Kpomblekou-a and Tabatabai, 1994; Paria et al., 1995). Regardless, it’s important to
keep in mind that saltmarshes often experience substantial temporal variability in aquatic and
sediment chemistry because of tidal influences, so whether differences in sediment chemistry
between plant species could ultimately influence the microbial community is debatable.

Much of the phylogenetic diversity in microbial communities comes from rare taxa,
which can often comprise the majority of species at any given time (Dunbar et al., 2002; Pedros-

Alio, 2012; Bowen et al., 2012). Such rare taxa have also attributed to artifacts of PCR
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amplification or sampling (Zhou et al., 2011; Pinto and Raskin, 2012; Shade et al., 2014),
although the consistent appearance of rare taxa in a temporal series of samples suggests that
these populations are real and may be important contributors to microbial community dynamics
(Shade et al., 2014). Regardless of the origins of rare taxa in next generation sequencing datasets,
removing OTUs that compromised less than 0.001% or 0.01% of our dataset still yielded
significant differences in bacterial community structure between the two plant species,
suggesting that these differences are true, and did not just arise from methodological artifacts. It
also supports previous findings that rare taxa may not necessarily be important for the
comparison and analysis of overall bacterial community patterns (Shade et al., 2014; Gobet et al.,
2012). Archaeal communities responded differently to the removal of rare taxa, and were only
significantly different between the two plant species when OTUs comprising <0.1% of the data
set were removed. This effectively removed over 90% of the archaeal OTUs, and focused solely
on the proportionally most abundant taxa. This suggests that while archaeal communities are
similar between J. roemerianus and S. alterniflora when all taxa are considered, the most
abundant archaeal taxa in the rhizosphere of these plants may be different. Increased proportions
of archaeal OTUs 01 and 18 helped to distinguish the S. alterniflora sediment archaeal
community from that of J. roemerianus, which had higher proportions of OTU141. However,
both OTUO1 and 18 could only be conclusively classified into the pGrfC26 order, part of the
miscellaneous Crenarchaeota group (Meng et al., 2014), whereas OTU141 was classified as
“unclassified Crenarchaeota”. Thus, while there may be differences in the dominant archaeal
taxa in sediments associated with S. alterniflora or J. roemerianus, the inconclusive state of

archaeal taxonomy limits our understanding of these patterns.
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DGGE indicated differences in the fungal communities between the sites, though not
between vegetation types within individual sites using either DGGE or next-generation
sequencing. One explanation for the similarity of the fungal community in sediment under S.
alterniflora and J. roemerianus could be the large filamentous hyphal networks that many fungi
develop, and which can spread over large areas (Smith et al., 1992). Our sediment samples were
collected only 6 m apart, quite possibly resulting in the collection of fungi from the same hyphal
network at each patch, and even across patches at each site. This would account for the fairly
homogenous fungal communities that our data suggests is present at each site. Many of our
fungal OTUs were rare, and only present as one or two sequence reads, suggesting that some of
that diversity could be an artifact of the OTU selection procedure used (97% similarity of that
ITS region). In any case, deficiencies in existing fungal databases prevented much taxonomic
resolution for the fungal sequences, and many OTUs could only be classified to the phylum
level.

In terms of functional characteristics of the sediment microbial community, extracellular
enzyme activity was largely influenced by site, a pattern that has been found in other salt
marshes (Ravit et al., 2003). Despite the differences in bacterial communities, and the suggestion
of differences in archaeal communities between S. alterniflora and J. roemerianus vegetated
sediments, enzyme profiles in sediments under these plant species were not different. This
suggests that while some of the specific bacterial and archaeal populations may differ between
plant species, the function of these communities remains similar regardless of what phyla or
families are most predominant. It’s also possible that fungi accounted for the bulk of the
extracellular enzyme activity that we detected, and fungal assemblages did not differ between the

two plant species.
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Based on nutrient levels and microbial analyses, the Bayou Dularge site sampled in our
study differed from the other two sites. This site had significantly higher levels of C, N, and P,
and higher activities of B-glucosidase, phosphatase, CBH, and NAG. Bayou Dularge runs from
Houma, LA to the Gulf of Mexico and is bordered by many developments (seafood processing
plants, recreational fishing camps) and small communities. Thus, various human factors maybe
influencing the nutrient load to this area. This contrasts with the more pristine nature of the Four
League Bay site which is only accessible by boat and has limited development around it. The
Cocodrie site could also be receiving human impacts as there are numerous fishing camps in the
area, although based on chemical analyses this site was more similar to Four League Bay than to
Bayou Dularge. These differences in land use around each site may be at least partially
responsible for the site-level differences in community structure that we observed (Castelle et al.,
1994), and highlights the need for further study of human impacts on microbial communities in
highly connected aquatic systems.

Our study shows that bacterial communities in saltmarsh habitats can be related to the
type of vegetation present, and that archaeal communities may also follow this pattern. While
site to site differences may override this local scale relationship, what’s particularly interesting is
that we could detect these vegetation-related patterns in stands of plants that were close together
and within the same location in the marsh, so presumably subject to the same tidal influences and
other environmental perturbations. Identifying the specific environmental variables that drive
these differences may be difficult, as exudates from plants themselves can also influence
microbial community composition (Grayston et al., 1998; Berg and Smalla, 2009), and
vegetation effects on microbial community structure could arise from a combination of biotic

and abiotic factors. The microbial ecology of wetlands, especially saltmarshes, is
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underrepresented in the literature compared to similar studies in upland terrestrial systems, and
there is a need for further studies in these important systems. A better understanding of saltmarsh
microbial ecology and the relationship between their plant and microbial communities could
prove beneficial in future coastal restoration efforts which seek to maximize plant productivity in
rapidly subsiding marsh.
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herbivory or clipping studies provide little guidance due of the lack of studies utilizing plant
species common to the region. Previous studies examining CHs emission in relation to herbivory
or stem clipping have also maintained constant nutrient conditions whereas it is quite common
for southeastern Louisiana wetlands to vary widely in nutrient content due to surrounding land
use, river diversion control structures, wastewater treatment, and management (Brantley et al.,
2008, Hyfield et al., 2008). In this study, we examined the effects of plant stem clipping on CH4
emission via three levels of clipping on four different aquatic plants common to freshwater
marshes of southeastern Louisiana (Sagittaria lancifolia, Panicum hemitomon, Echinochloa
walteri, and Eleocharis macrostachya) and under three levels of nutrient enrichment. Sediment
samples from each treatment were analyzed for methanogen and methanotroph diversity using
denaturing gradient gel electrophoresis (DGGE) of genes linked to methane cycling (mcrA,
pmoA) to determine if treatments also led to structural changes in the methane-active microbial
community. By measuring CH4 emission and methane-related microbial diversity, we sought to
determine if plant disturbances similar to herbivory altered plant mediated CH4 emission, and
whether any observed effects could be related to the community of methanogenic and

methanotrophic microorganisms.

3.2 Methods

This experiment was conducted in wetland mesocosms (18 total) that were constructed
from galvanized steel farm watering troughs (1.8 X 0.6 X 0.3 m, 280 L; Nasco, Fort Atkinson,
WI1), and were located outdoors on the Louisiana State University campus, Baton Rouge, LA.
Each mesocosm was filled with high clay content fill dirt to approximately 3/4 of total depth.
The upper sediment material consisted of surface sediment collected from a freshwater marsh at

the confluence of Bayou Verret and Lake Cataouatche in southeastern Louisiana. Each
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mesocosm was then subdivided into four 0.6 X 0.3 m sections using flat sheets of PVVC plastic
(Professional Plastics Inc., Fullerton, CA) pushed into the sediment to limit belowground
competition between plants. Each subdivision within each trough was then vegetated with one of
four plant species: Sagittaria lancifolia, Panicum hemitomon, Eleocharis macrostachya, or
Echinochloa walteri, and two small remaining sections on each end of the trough were left
unplanted. S. lancifolia was collected from the lower Atchafalaya delta (29°24'49.49 N,
91°19'37.45 W) and Bayou Verret, LA (29°52'32.54 N, 90°14'42.68 W). P. hemitomon was
collected from a site just south of Raceland, LA, along Highway 182 West (29°40'37.76 N,
90°39'26.99 W). E. macrostachya was collected from the Farr Park Equestrian Center, Baton
Rouge, LA (30°22'57.50 N, 91°12'39.35 W). All field-collected plants were transplanted into
mesocosms on the day of collection. E. walteri was not collected, but was grown from seed
outdoors at the Louisiana State University greenhouse facility, in a mixture of high clay fill dirt,
potting soil, and vermiculite. Plants were randomly assigned to a subdivision within each trough
and each subdivision received enough plant material to fill the area. Each trough was filled with

water to the top of the trough and water levels were monitored daily.

The experimental design consisted of three levels of each of two treatments: nutrient
enrichment (at zero, mid, and high nutrient addition), and clipping (at no clipping, clipping to 3
cm above the water line, and clipping to below the water line). Nutrient enrichment consisted of
powdered 20-10-5 planting tablets (20% total N consisting of 4% ammoniacal N, 4.65% water
soluble organic N, and 11.35% water insoluble N, 10% available phosphate, 5% soluble potash;
Forestry Suppliers Inc., Jackson, MS) that were wrapped in a filter and enclosed in a 30 ml
narrow mouthed sample bottle (Fisher Scientific Inc., Pittsburgh, PA), which contained 20 holes

of approximately 0.15 cm diameter. Bottles were pushed into the sediment of each tank receiving
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nutrient enrichment. This method of nutrient enrichment was used to promote slow release over
the course of the experiment (Williams and Ruckelshaus, 1993; Silliman and Zieman, 2001). The
high nutrient addition was set to 20 g N m, just above the yearly loading rate recommended for
rice fertilization in Louisiana (Saichuck et al., 2011). The mid-level nutrient treatment was set at
half of this amount for a total concentration of 10 g N m, which is near the N-levels in marshes
receiving diverted Mississippi river water (Hyfield et al., 2008). For troughs receiving no
nutrient enrichment, sand was used in place of the powdered planting tablet to control for any
disturbance effects. Nutrient enrichment began six weeks before sampling. Clipping was carried
out just prior to sampling and consisted of clipping all of the plants in a particular mesocosm
down to either 3 cm above the water, or to below the water line. Controls were not clipped. Each
combination of nutrient amendment (zero, mid, high) and clipping (no, clipped to 3 cm above the
water, clipped below water line) was carried out in two replicate mesocosms with 4 differing

plant species (4 x 3 x 3 x 2 design).

Methane emissions were measured immediately following clipping of the stem. Sampling
took place over three separate sampling events, each lasting three days, with six mesocosms
sampled during each event. For each event, the clipped plant material was collected, dried (70
°C, 48 h), and weighed to determine biomass. Plants clipped to 3 cm above the water were fully
harvested after gas sampling on day 3, dried, and weighed. The roots of each plant within the
confines of the base chamber were subsequently removed and washed clean of sediment and
debris. Roots were then dried to determine belowground biomass. Sediment samples for mass
measurements were weighed, dried (70 °C, 48 h), and reweighed to determine moisture content.
Dry sediment was then ashed (500 °C, 2 h) and reweighed to determine organic matter content as

ash free dry mass (% C).
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3.2.1 Methane Sampling

Methane emissions were measured immediately after applying clipping treatments and
again after three days. Clear Plexiglas chambers (30 X 30 X 30 cm), as described by Lindau et
al. (1991), were installed into each subdivision of six randomly selected mesocosms three days
prior to sampling. Chambers were installed to 10 cm of sediment depth. At the beginning of each
sampling event, plants were clipped to the appropriate treatment level, and gas chamber tops
added and sealed to the base units. Methane sampling followed the common protocol of Lindau
et al., (1991) for closed chamber measurements. After collecting each sample, 100% silicone
rubber sealant was spread over the puncture in the rubber septum. After the last sampling of a
chamber, internal chamber temperature was recorded again, and the chamber tops removed. All
gas samples were analyzed on Shimadzu 14-A gas chromatograph (Shimadzu Scientific
Instruments, Inc., Columbia, MD) fitted with a flame ionization detector within 24 h of

collection and 1 ml of sample was injected for analysis.

3.2.2 Amplification and DGGE Analysis of Methane associated Microorganisms

To investigate the methane-active sediment microbial community, sediment was
collected from each mesocosm 1 day and 3 days after the start of each clipping event. Sediment
was collected from a depth of 5-10 cm in 50 ml centrifuge tubes and returned to a lab freezer.
Day 3 samples were primarily used for community analyses as the time between treatment and
sampling would to allow for potential growth of microbial communities, however, a selection of
day 1 samples were analyzed for comparison. DNA was extracted using a PowerSoil DNA kit
(MoBio, San Diego, CA) following the manufacturers recommended protocol for wet soil

samples. The presence of community DNA was confirmed by electrophoresis in agarose gels.
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PCR amplification of functional genes was performed in a Bio-Rad MyCycler (BioRad Inc.,
Hercules, CA) thermal cycler in 50 puL reaction volumes containing 2 pL of sample and 48 pL of
a reaction mixture described by Jackson et al. (2001) and consisting of 0.4 mM each PCR
primer, 0.2 mM of each dioxyribonucleotide triphosphate, 1.0 U of Taqg polymerase, and a buffer
consisting of 500 mM KCI, 100 mM Tris-HCI, with 15 mM Mg?*. Two sets of primers were
used to target the functional mcrA and pmoA genes of methanogens and methanotrophs,
respectively (Table 3.1). For methanogens, a portion of the mcrA gene was amplified following
the protocol of Luton et al. (2002), where denaturation, annealing, and extension were carried out
at 95, 55, and 72 °C, respectively, along with the ramp in temperature between annealing and
extension slowed to 0.1 °C st for the first five cycles of the 40-cycle program to allow for
mismatched primer extension (Compton, 1990; Luton et al., 2002). A 40 bp GC clamp was
added to the 5' end of the mcrA forward primer to allow for analysis of amplification products by
DGGE (Muyzer et al., 1993). For methanotrophs, a portion of the pmoA gene was amplified
following a modified protocol of Tuomivirta et al. (2009). The amplification consisted of an
initial denaturation at 95 °C for 3 min, followed by 42 cycles of denaturation at 95 °C for 30 s, a
touchdown annealing step from 66 °C to 55 °C for 45 s, and extension at 75 °C for 30 s, and
ending with final extension at 72 °C for 10 min. As with the mcrA primers, a 40 bp GC clamp
was added to the 5' of one pmoA primer to allow for DGGE analysis. Presence of amplification

products of the correct size was confirmed by electrophoresis in agarose gels.

Samples showing positive amplification results for mcrA or pmoA gene fragments were

analyzed using DGGE. For the mcrA gene, the amplified products were electrophoresed through

54



Table 3.1 PCR Primers: Properties of PCR primers used to amplify the mcrA and pmoA region in
this study.

Primer Gene Sequence (5'-3") Reference
mcrA f mcrA GGTGGTGTMGGATTCACACARTAYGCWACA | Luton et al., (2002); Mosoni
GC etal., (2011)

mcrA r mcrA TTCATTGCRTAGTTWGGRTAGTT Luton et al., (2002); Mosoni
etal., (2011)

A189 f pmoA GGNGACTGGGACTTCTGG Holmes et al., (1995);
Tuomivirta et al., (2009)

AB21r pmoA CGCTCGACCATGCGGAT Tuomivirta et al., (2009)

GC Clamp CCCCCCCcCrrreeaeeeceeacececeeceasececececeaceeacecce

a 20 to 40% urea-formamide gradient (Mosoni et al., 2011) in 8% acrylamide gels at 60 °C and
200 V for 5 h in a DGGE-2001 system (C.B.S. Scientific Co., Del Mar, CA). For the pmoA gene,
a denaturing gradient of 35 to 70% was used, with electrophoresis running at 155 V for 9 h at 60
°C (conditions based on a modified protocol of Jaatinen et al., 2005). Following electrophoresis,
gels were stained with SYBR Green (BioRad Inc., Hercules, CA) and banding patterns examined

under ultraviolet transillumination.

3.2.3 Statistical Analysis

Data were tested to examine an effect of nutrient enrichment and/or clipping on CH4
emissions. Statistical analysis of the split-plot design was performed in R version 2.15.2
(http://www.r-project.org) using the nime package for linear and nonlinear mixed effects models.
The experiment was analyzed with mesocosm as the whole-plot factor and plant species as the
split-plot. The assumption of normality was checked using plots of residuals versus predicted
values and QQ plots of residuals. MANOVA was used to determine differences among species

and troughs based on measured covariates. DGGE banding patterns were analyzed based upon
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mobility, or movement of bands through the gel. Bands with relative intensities that accounted
for >1% of the total intensity within a particular sample were regarded as positives, and the
presence/absence of specific DGGE bands used to create binary data for each sample. Binary
data was used to generate a Jaccard dissimilarity matrix between samples for both mcrA and
pmoA genes, and these matrices used to ordinate samples through nonmetric multidimensional

scaling (NMDS) to assess community similarity across different treatments.
3.3 Results

Total above and belowground biomass within each subdivision differed significantly
(p<0.01) among plant species and aboveground biomass was correlated with belowground
biomass (r = 0.71) (Table 3.2). Mean sediment % C for all treatments was 14.84 £1.04 % C and
was weakly correlated to percent moisture of the sediment (r = 0.27). Species were not

significantly (p>0.05) different in terms of % C or pH (Table 3.3).

Table 3.2 Plant Biomass Under Differing Nutrient Treatments: Above and belowground biomass
for Eleocharis macrostachya, Echinochloa walteri, Panicum hemitomon, and Sagittaria
lancifolia at three levels of nutrient enrichment (0, 10, 20 g N m™). Values are means +SE.

Species Nutrient Treatment (g Aboveground Belowground
N m?) Biomass (g) Biomass (g)
E. macrostachya 0 29.47 4.7 42.09 +9.3
10 40.74 £3.2 42.54 £5.7
20 32.44 +3.2 4432 £5.5
E. walteri 0 3.65+2.1 15.86 £2.3
10 356+1.1 20.78 £6.0
20 4.43 £0.7 12.72 £3.9
P. hemitomon 0 63.18 £8.8 194.68 £52.4
10 61.57 £7.2 154.03 +20.4

56



(Table 3.2 Continued)

Species Nutrient Treatment (g Aboveground Belowground

N m?) Biomass (g) Biomass (g)

P. hemitomon 20 75.07 £5.7 209.63 £30.4
S. lancifolia 0 46.68 £7.0 269.35 +45.0
10 59.56 +8.5 252.93 £27.2

20 50.73 9.5 165.78 £36.3

Table 3.3 Environmental Characteristics of Mesocosoms: Environmental characteristics for
mesocosoms vegetated with Eleocharis macrostachya, Echinochloa walteri, Panicum
hemitomon, or Sagittaria lancifolia. Values are means +SE.

Species % C Water pH Water Stem % Cover %
Temperature Depth (cm) Number Moisture
(°C)
E. 14.59 7.80 221.94 27.50 66.57
macrostachya +2.67 31.67 £0.84 +0.11 | 7.22+0.47 +23.69 +2.56 +2.89
17.99 7.93 7.72 75.41
E. walteri +1.59 32.0 £0.90 +0.13 | 6.11+0.43 | 24.50 +2.96 +1.01 +1.98
14.95 7.76 39.47 71.62
P. hemitomon +2.57 31.44 +0.73 +0.12 | 6.14+0.37 | 91.06 +9.53 +4.08 +1.40
11.84 7.79 26.11 69.81
S. lancifolia +0.92 31.61 £0.85 +0.13 | 5.25+0.36 | 34.50+7.60 +1.64 +1.97

CHas emission was weakly positively correlated to aboveground biomass (r = 0.46), stem height
(r =0.32), belowground biomass (r = 0.27), and percent cover (r = 0.36), and showed a weak

negative correlation with pH (r = -0.25).

A significant (p<0.05) three-way interaction between plant species, nutrient addition, and

clipping level was detected. Mesocosms vegetated with E. macrostachya showed a significant
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difference in CH4 emissions based on nutrient treatment level when clipped to 3 cm above the
water on day 1, where the high nutrient treatment showed elevated emissions as compared to the
treatment with no nutrient addition, and the mid-level nutrient treatment showed suppressed
emissions rates as compared to the treatment with no nutrient addition (Figure 3.1). This same
pattern is also seen in S. lancifolia on day 1 (Figure 3.1). For P. hemitomon a similar pattern is
also observed, except on day 3 rather than day 1, and emissions from P. hemitomon did not show
a difference between treatments with no nutrient enrichment and mid-level nutrient enrichment
when clipped to 3 cm above the water (Figure 3.1). Also for P. hemitomon, on both day 1 and 3,
treatments receiving no clipping and mid-level nutrient enrichment were significantly suppressed
in terms of CH4 emission as compared to the treatments of high level, and no nutrient addition
(Figure 3.1). Mesocosms vegetated with E. walteri showed no response to treatments (Figure
3.1). Mean CH4emission significantly differed among plant species, being up to 56% higher

from mesocosm subdivisions vegetated with P. hemitomon as compared to other species.

Time since clipping was also a factor affecting CH4 emission where a significant
interaction was detected with time since clipping and clipping level. When plants were not
clipped, or clipped to 3 cm above the water, CH4 emissions were not different between day 1 and
day 3 (Figure 3.2). However, when plants were clipped below the water line, emission rates after
3 days were elevated significantly (Figure 3.2). Sediment samples from E. walteri (representing
no treatment effect), as well as S. lancifolia and P. hemitomon (representing a treatment effect)
were analyzed for methanogen and methanotroph microbial community structure. A total of 39
distinct bands were detected in DGGE gels of the pmoA gene, but only three distinct bands for

the mcrA gene.
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Figure 3.1 Methane Emissions from Mesocosoms: Methane emission (kg CH4 hat d, +SE) from
wetland sediments in mesocosms vegetated with Eleocharis macrostachya, Echinochloa walteri,
Panicum hemitomon, or Sagittaria lancifolia at three levels of nutrient enrichment (0, 10, 20g N
m?) and clipping treatments (no clipping, clipped to 3 cm above water line, clipped below water
line). Emissions were measured immediately following the clipping treatment (day 1) and after
three days (day 3) and values are means £SE. * denotes significant difference between day 1 and
day 3 samples.
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Figure 3.2 Methane Emission Differences Over Time: Methane emissions (kg CH4 hat d*, +SE)
from vegetated wetland mesocosoms showing a significant (p<0.05) interaction between time
since clipping (immediate, day 3) and clipping level (no clipping, clipped to 3 cm above water
line, clipped below water line). Open circles represent mean +SE day 1 samplings and closed
circles represent mean £SE day 3 samplings.

The mean (£SE) number of pmoA bands present each sample were 9 £1.9, 7 £1.1, and 12 £1.7
for S. lancifolia, P. hemitomon, and E. walteri respectively, which did not vary significantly
between treatments or plant species. NMDS ordinations of pmoA gene structure in each
treatment showed no clear grouping of samples based on either treatment type or vegetation
(Appendix A2). There was, however, a weak suggestion of high nutrient treatments tending to
group more tightly than other treatment levels along the second axis. As bands for the mcrA gene

showed little to no diversity, NMDS analysis was not performed for the mcrA gene.
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3.4 Discussion

Our experiment supports the hypothesis that the interacting effects of plant disturbance
and nutrient enrichment can affect plant mediated CH4 emissions, but also shows that CH4
emission responses are plant species specific. It is likely that the stimulatory or inhibitory effects
of nutrient addition on CH4 emission seen in this study depend on the gas transport capacity of
the specific plant species and their contributions to belowground substrate materials for
microbial production or oxidation of CHs. Previous experiments investigating CHa flux after
plant clipping have yielded variable findings, where CH4 emissions have been found to increase
after clipping above the water level in Carex lasiocarpa, Carex meyeriana, and Deyeuxia
angustifolia (Ding et al., 2005), Carex aquatilis, Carex rostrata (Kelker and Chanton, 1997), and
Eleocharis equisetoides (Petruzzella et al., 2015), but to be unchanged for Eriophorum
vaginatum (Greenup et al., 2000). Experiments examining the effects of live herbivory on CH4
emissions have shown both decreases and increases in CHs emission (Bodelier et al., 2006;
Dingemans et al., 2011), potentially because of differences in foraging behavior. Animals that
forage by rooting into the sediment could increase sediment O, concentrations which would
select for alternative modes of respiration other than methanogenesis and support aerobic
methanotrophic bacteria that oxidize CH4. When animals graze on the shoots of emergent
macrophytes above the water line, transport of CH4 to the atmosphere could be altered by

removal of the shoots and changes in the internal pressurization of the plant.

The different clipping treatments used in this study simulate different grazing approaches,
and although our data is not directly comparable to previous studies because of the nutrient level
interaction (nutrient level was not manipulated in other herbivory, or clipping experiments),

similar responses were observed. Under high nutrient enrichment, clipping S. lancifolia to 3 cm
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above the water increased the emission of CH4, the same outcome seen in other studies involving
plant disturbances (e.g., Kelker and Chanton, 1997; Ding et al., 2005; Dingemans et al., 2011,
Petruzzella et al., 2015 ). However, this was only an initial response observed in the day 1
samples, and after three days CH4 emissions from the different S. lancifolia treatments were
similar, indicating a temporary response. This finding emphasizes the importance of monitoring

CHa emissions over a period of time rather than observing only initial responses to treatments.

Comparisons of CH4 flux across differing studies can be difficult due to the inherent
variability of CH4 emission rates, often arising from large diel and seasonal fluctuations (Batjes
and Bridges, 1994) as well as the composition of the plant community (Ding et al., 2005; Kao-
Kniffin et al., 2010; Schultz et al., 2011). Mean CH4emission rates from S. lancifolia over the
course of the experiment were comparable to that observed by Alford et al. (1997) from the
Mississippi River Deltaic Plain, but 39.5% lower than that observed in a Louisiana freshwater
marsh dominated by S. lancifolia (Crozier and DeLaune, 1996). It is likely that we observed
lower CH4 concentrations than Crozier and DeLaune (1996) because they measured CH4 from
field collected soil cores in the laboratory, as oppose to in situ measurements made in
mesocosms as described here. With regards to the other plant species tested, to our knowledge
CHs emissions from monospecific or dominant stands of P. hemitomon, E. walteri, and E.

macrostachya have not been previously reported.

The nutrient content of sediments and soils influences CH4 production and consumption,
although experimental effects of nutrient addition on CH4 emissions vary with the type of
nutrient enrichment, the quantity applied, and the method of application (Lindau, 1994). The
effects of nutrients on CH4 dynamics are poorly understood, however the addition of compounds

containing nitrate or sulfate should cause metabolic competition that is unfavorable to

63



methanogens, thereby decreasing CHa production and emission (Jugsujinda et al., 1995; Conrad,
1996). Indeed, nitrogen addition has been shown to inhibit CH4 production, and combined
nitrogen and phosphorus to inhibit CH4 production to an even larger extent than nitrogen
addition alone due to increased substrate competition with denitrifying bacteria (Kim et al.,
2015). Our results support a reduction in CH4 emission only at the mid-level nutrient enrichment
treatments, and only significantly in P. hemitomon when no clipping treatment was applied.
When plants were clipped to 3 cm above the water, mid-level nutrient enrichment still led to a
reduction in emissions, however treatments that received a high-level of nutrient enrichment
exhibited a significant increase in emissions from E. macrostachya and S. lancifolia on day 1.
These results suggest that while nutrient enrichment alone can suppress CH4 emissions,
interactions with plant disturbances can alter CH4 emission even further and warrants further

study.

Nitrogen fertilizers have been shown to inhibit CH4 oxidation (Crill et al., 1994; Alam
and Jia, 2012) and to increase methanotrophic activity (Bodelier et al., 2000a, b; Kruger and
Frenzel, 2003). In our study, DGGE of methanotrophic genes (pmoA) did not show any shifts in
methanotroph community structure with our nutrient treatments, or in response to clipping,
although there was a suggestion of increased pmoA diversity at higher nutrient levels for S.
lancifolia and P. hemitomon. Both type | and Il methanotrophs require ammonium (Bodelier et
al., 2000a), and increased nitrogen availability may select for type | methane oxidizers (Hanson
and Hanson, 1996; Bodelier, 2011), potentially explaining the suggestion of increased pmoA

diversity at higher nutrient levels for sediments vegetated with S. lancifolia and P. hemitomon.

Changes in aboveground vegetation in response to nutrient enrichment likely influence

herbivore grazing preferences, where wetland vegetation with a higher nutrient content may be
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preferred by herbivores (laleggio and Nyman, 2014). Our results would indicate that wetlands
under a high nutrient load and with grazing pressures by herbivores may emit more CHato the
atmosphere than a wetland under moderate, or very little nutrient load with the same grazing
pressure. Even as CH4 responses to disturbance and nutrient addition are likely species specific,
further study into the interaction between these variables and CH4 emission could lead to
changes in wetland management decisions in a changing climate where the goal is to reduce

wetland CHa4 emissions.
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CHAPTER 4: SOUTHERN RIBBED MUSSELS INCREASE METHANE EMISSIONS
FROM COASTAL SPARTINA ALTERNIFLORA MARSHES IN SOUTHEASTEN
LOUISIANA

4.1 Introduction

Benthic macrofauna living in, or on the surface of marsh sediments can significantly alter
many marsh processes, such as contributing to the physical structure of the marsh as well as
influencing the biogeochemistry of the sediment (Jones et al., 1994; Laverock et al., 2011). The
burrowing and feeding activities of these organisms can create microniches in which unique
microbial communities develop (Fenchel, 1996; Kirstensen et al., 2005), and this change in
microbial community structure could influence ecosystem scale biogeochemical cycling
(Mermillod-Blondin and Rosenberg, 2006; Laverock et al., 2011; Xu et al., 2014), and may

influence methane (CH4) emissions from marshes.

Globally, annual wetland CH4 emissions ranged from 209 to 245 Tg CHay* between
1901 and 2012, and are considered the single largest source of CH4 (Walter et al., 2001). This is
important because CHys is the second most abundant non-Carbon Dioxide (CO2) greenhouse gas
in the atmosphere (Montzka et al., 2011), and has contributed 25% of the total climate forcing
over the past 250 years (Shindell et al., 2009). The warming potential of CH4 is 28 times that of
CO2 (Myhre et al., 2013), and CHg4 levels in the atmosphere have exhibited a persistent
increasing trend since 1750, with levels reaching 1803 ppb in 2011 (Ciais et al., 2013). There is a
large amount of interannual variability in global emissions with an estimated 50 — 70% of the
global interannual variability attributed to wetland CH4 emissions (Bousquet et al., 2006; Chen
and Prinn, 2006), therefore changes in CH4 emission rates from wetlands is important to

understand in terms of global climate change.
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In salt marsh sediments, high amounts of sulfate utilized by sulfate reducing bacteria in
anoxic sediments presents direct competition to CH4 generating microorganisms, or
methanogens. Consequently, CH4 emissions from salt marshes are much lower than from a
freshwater wetland (DeLaune et al., 1983). However, salt marshes of the Gulf and Atlantic coasts
of the United States harbor large populations of bivalves that have the potential to alter
belowground biogeochemical conditions, and thus, CH4 emissions. The salt marsh bivalve,
Geukensia granosissima (Southern Ribbed Mussel) lives in the sediment where they anchor to
nearby shells, hard substrate, or marsh vegetation with strong byssal thread attachments (Franz,
1997). These organisms are filter feeders that deposit nutrient rich feces and pseudofeces into the
sediment which could potentially create microniches in which unique microbial communities

develop (Fenchel, 1996; Kirstensen et al., 2005).

Aboveground mollusks, such as the marsh periwinkle (Littoraria irrorata), also have the
potential to alter CH4 emissions due to their feeding behavior on the stems of plants, which
creates small wounds, or radulations along the Spartina alterniflora stems (Silliman and Zieman,
2001). Up to 90% of total CH4 emissions from vegetated wetlands may result from emergent
aquatic vegetative transport (Sebacher et al., 1985; Van der Nat and Middelburg, 1998;
Bergstrom et al., 2007) and this feeding behavior could potentially alter gas exchange between
the plants stems and roots, and the amount of CHj4 actively reaching the atmosphere through the
stems of plants, as has been shown in other studies examining the influence of aboveground
swan and goose herbivory on wetland CH4 emissions (Bodelier et al., 2006; Dingemans et al.,

2011).

In S. alterniflora marshes of coastal southeastern Louisiana, L. irrorata and G.

granosissima are abundant, but their impact in terms of altered CH4 fluxes from these marshes is
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unknown. In this study, we conducted a yearlong field experiment to elucidate the potential
effects of L. irrorata and G. granosissima on CH4 emissions and microbial community function
(extracellular enzyme activities) in a S. alterniflora marsh in southeastern Louisiana by field

density manipulations of L. irrorata and G. granosissima within fenced enclosures.
4.2 Methods
4.2.1 Sites and Experimental Design

The experiment consisted of three field sites located approximately 100 m apart, each
with six plots located in a micro-tidal salt marsh dominated by S. alterniflora near Cocodrie, LA
(29°13'35.85"N, 90°40'49.03"W) in the Gulf of Mexico. Ambient densities of L. irrorata and G.
granosissima were counted in the area of the sites by tossing a 1 m? PVC quadrat into the marsh
65 times to determine baseline densities in the area. L. irrorata was determined to have a mean
density of 80 + 4.2 snails m?, and G. granosissima density was 12 + 1.5 m™, Eighteen 0.25 m?
enclosures were built prior to placing in the field by using four 1 X 1 wooden stakes and steel
galvanized hardware cloth with a zinc coating (Wire Cloth Man, Mine Hill, NJ), where the zinc
coating is used to deter snail escape (Bertness, 1984a). Clear plexiglass base chambers (30 X 30
X 30 cm), as described by Lindau et al., (1991) were installed to approximately 10 cm of depth
at each of six plots at each site at the end of May, 2013, and enclosures were installed around the
base chambers. After installation of the enclosures, all snails and mussels were removed from
within the enclosures and base chambers, and after two weeks sediment samples were taken for
pre-treatment extracellular enzyme analysis. Snails and mussels were then collected from the
area, shell sizes were measured using digital calipers (Table 4.1), and the animals were added to

the 0.25 m? enclosures in a 3 X 2 factorial design, with three levels of snail density (0, 20, 60)
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representing no snails, ambient snail density, and 3X ambient snail density, and two levels of
mussel density (0, 3) representing no mussels and ambient mussel density. Mussels were
collected by carefully cutting the bissal threads attached to S. alterniflora roots rather than

pulling the animal loose in order to reduce the possibility of injury.

Table 4.1 Snail and Mussel Shell Sizes: Snail (Littoraria irrorata) and mussel (Geukensia
granosissima) shell sizes for each density manipulation treatment. Values are means + SE.

Site Snail—_MussiSI Snail Shell Size Mussle Shell Size
Density m (mm) (mm)

1 0-12 0 88.13+2.17
80-0 23.11+0.22 0

80-12 23.18+0.23 789+ 278
240-0 23.33+0.30 0

240-12 22.87+0.16 78.77 £ 2.50

2 0-12 0 85.63+1.92
80-0 22.03+0.17 0

80-12 22.03+0.13 82.10+6.1
240-0 22.48 £ 0.16 0

240-12 22.36 £0.30 83.77 £ 2.67

3 0-12 0 78.13+1.2
80-0 23.07+0.25 0

80-12 22.40£0.16 76.93+2.2
240-0 2298 £0.21 0

240-12 23.20+0.24 79.03+ 15
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4.2.2 Extracellular Enzyme Assays

Samples for extracellular enzyme analysis were collected in a sterilized 50 ml centrifuge
tube from a depth of 5-10 cm once before manipulating the treatments (time 0), and then once
every three months thereafter for one year (3, 6, 9, and 12 months). Each sample consisted of a
homogenous mixture of 5 random sampling points from within each enclosure. The activity of
six microbial extracellular enzymes was assayed in each sediment sample. Potential activities of
B-glucosidase (EC 3.2.1.21), phosphatase (EC 3.1.3.2), N-acetyl-p-D-glucosaminidase (NAG;
EC 3.2.1.52), cellobiohydrolase (CBH; EC 3.2.1.91), phenol oxidase (EC 1.10.3.2), and
peroxidase (EC 1.11.1.7) were determined using the protocols demonstrated by Jackson et al.
(2013) that have previously been used for wetland sediments (Jackson and Vallaire, 2007;
Jackson et al., 2009). For each sample, a 10 g subsample was homogenized in pH 5.5 50 mM
acetate buffer and 150 pL aliquots of the slurry were used in individual reactions. 5 mM 3,4-
dihydroxyl-L-phenylalanine (L-DOPA) was used as the substrate for the phenol oxidase and
peroxidase assays, and peroxidase assays also received 0.015 % H20,. 5 mM p-nitrophenyl
(pNP)-linked substrates were used for the B-glucosidase and phosphatase assays, while 2 mM
pPNP-linked substrates were used to determine NAG and CBH activity (Jackson et al., 2013). All
substrates were dissolved in pH 5.5 50 mM acetate buffer. Assay incubation times were 0.5-1 h
for phosphatase and B-glucosidase, 2 h for phenol oxidase and peroxidase, and 3 h for NAG and

CBH.

After incubation, assays were centrifuged (4000 xg, 10 min) and 100 pL supernatant
transferred to reading microplates containing 200 uL. 0.067M NaOH (pNP-linked substrates) or
200 uL H20 (L-DOPA substrates). Absorbance was read at 410 nm for pNP-linked substrates

and 460 nm for L-DOPA substrates using a Synergy HT microplate spectrophotometer (BioTek,
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Winooski, VT). Enzyme activity was calculated after accounting for control absorbance and

expressed as pmoles substrate consumed h™* g dry weight of sediment.
4.2.3 Methane Sampling

CHa emissions were measured monthly for one year beginning in July, 2013 using clear
Plexiglas chambers (30 X 30 X 30 cm) that were sampled following the common protocol of
Lindau et al., (1991) for closed chamber measurements. Each chamber top consisted of a
sampling port (rubber septum), battery operated 12 v fan, pressure control tube, and a
thermometer. The pressure control consisted of 1 m of plastic tubing (1.5 mm 1.D.) that
maintained equilibrium gas pressure between the outside and inside of chambers. Prior to
sampling, Vacutainers were placed on a high-vacuum preparation line to remove any residual
gases and then re-sealed with silicone rubber. For each headspace sample, 15 ml was removed
from the flux chambers with a syringe and injected into a 10 ml evacuated gas Vacutainer. A
slight over pressure of headspace gas was injected into each Vacutainer to prevent atmospheric
contamination (Lindau et al., 1991). After collecting each sample, 100% silicone rubber sealant
was spread over the puncture in the rubber septum. Headspace samples were collected via the
rubber septum sampling port with a gas tight syringe and stainless steel hypodermic needle.
After collecting each sample, 100% silicone rubber sealant was spread over the puncture in the
rubber septum. All gas samples were analyzed on Shimadzu 14-A gas chromatograph (Shimadzu
Scientific Instruments, Inc., Columbia, MD) fitted with a flame ionization detector within 24 h of

collection and 1 ml of sample was injected for analysis.
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4.2.4 Statistical Analysis

All data analyses were performed in R version 3.0.1 (http://www.r-project.org). CHs
emissions were square root transformed in order to bring our observations as close to normality
as possible, and then analyzed via a mixed effects model using package nlme for linear and
nonlinear mixed effects models. Due to the seasonal nature of our CH4 emission observations
and inherent autocorrelation we used a correlation structure consisting of a continuous auto
regressive model of order 1 (corCARL1 in the gls function of the nlme package). Extracellular
enzyme activity was analyzed for each enzyme to test for differences in density treatments using
three-way ANOVA followed by a Tukey’s honest significance test. Enzyme activities were

either square root, or log transformed in order for data to meet the assumptions of normality.

4.3 Results

4.3.1 Environmental VVariables

None of the measured environmental variables (Table 4.2) differed by site over the
course of the study except for % C, in which site 3 exhibited higher variability and had
significantly higher amounts of sediment organic matter than sites 1 and 2 (21.85 0.9, 23.07
+0.6, and 27.15 £1.1 % C for sites 1, 2, and 3 respectively). We also observed a treatment effect
with respect to % C, where treatments with mussels exhibited higher sediment % C, however this
was confounded by the site effect we observed. Salinity levels over the course of the study
ranged between 6 — 14.75 ppt (Table 4.2). Aboveground biomass for each plot sampled at the

end of the experiment ranged between 80.4 -180.3 g DW (Table 4.2), and mean

75



aboveground biomass for sites 1, 2, and 3 were 127.28 £10.5, 126.87 £12.9, and 130.40 £13.4 ¢

DW respectively.

Table 4.2Environmental Characteristics: Environmental characteristics of each site and treatment
combination of snail (Littoraria irrorata) and mussel (Geukensia granosissima) density in a
southeastern Louisiana saltmarsh vegetated with Spartina alterniflora. Values were measured
monthly between July, 2013 and August, 2014, and are means £SE, except for aboveground
biomass which was measured at the end of the experiment (August, 2014).

Site Snail-Mussel Salinty (ppt) pH Water % Carbon Aboveground
Density m Depth (cm) Biomass (g DW)
1 0-0 6.60 £1.2 6.87 £0.1 7.22+3.1 25.26 +1.7 125.3
0-12 13.81+1.3 7.02£0.1 6.67 £3.0 17.77 £1.2 1335
80-0 9.64 +1.3 6.94 +0.1 6.89 +3.2 19.55 0.6 162.4
80-12 11.03+1.0 6.83 0.1 6.17 £2.9 2757 £1.4 98.3
240-0 11.84 £1.2 6.94 £0.1 7.56 £3.4 17.81£0.4 98.2
240-12 10.15£0.9 6.94 £0.1 7.44 £3.3 23.12+1.9 146
2 0-0 6.00 +1.8 6.80 £0.1 6.22 £3.1 22.86 +0.6 112.6
0-12 6.56 £1.7 6.89 £0.2 6.78 £3.2 23.46 £1.0 89.3
80-0 13.25+1.6 7.09+0.1 7.00 £3.4 20.81+1.5 129.3
80-12 13.00 £1.7 6.98 £0.2 6.33£3.1 27.99 £1.2 163.6
240-0 14,75 £1.4 7.0110.1 6.67 3.2 20.89+1.8 164.1
240-12 8.57 £1.8 7.16 £0.1 6.86 £4.0 2244 £1.0 102.3
3 0-0 11.60 £1.2 6.82 £0.1 6.22 £3.1 27.11+1.1 180.3
0-12 11.64 £1.4 6.95+0.1 5.56 +2.8 24.66 2.6 129.3
80-0 11.84 1.4 6.83 0.1 6.44 £3.2 26.23 £2.2 146.6
80-12 11.23+1.9 7.0110.1 5.67 +2.8 26.74 +2.4 119.2
240-0 11.18+15 6.94 £0.1 6.11+3.1 29.70 +4.6 80.4
240-12 12.70 £1.0 6.98 +0.1 6.11 +3.0 28.45+3.3 126.6

4.3.2 Extracellular Enzyme Activities

Extracellular enzyme activities for the six enzymes assayed ranged between 0.04 and
8.44 umoles h™t g DW! with phosphatase exhibiting the highest range in activity and phenol
oxidase the lowest (Figure 4.1). Enzyme Activities for CBH and NAG exhibited a similar

temporal

76



Figure 4.1 Extracellular Enzyme Activity: Potential extracellular enzyme activity (umoles h™ g
DW-1) in sediments taken from three sites in a southeastern Louisiana saltmarsh vegetated with
Spartina alterniflora, in each of six snail (Littoraria irrorata) and mussel (Geukensia
granosissima) density treatments. Samples were taken at three month intervals between June,
2013 and August, 2014. Values are means + SE for each treatment with sites averaged together.
Open circles represent treatments with 0 snails and 12 mussels m2, open squares 240 snails and
12 mussels m, open triangles 80 snails and 12 mussels m, black squares 240 snail and 0
mussels m2, black triangles 80 snails and 0 mussels m, and black circles 0 snails and 0 mussels
m=2,
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pattern, where a spike in activity was observed in the September, 2013 sample, which
corresponded to the first enzyme sampling after applying the snail and mussel density treatments.
Phosphatase activity showed a general increasing trend from June, 2013 to January, 2014 for all
treatments, at which point activity leveled off and partially declined, and phenol oxidase activity
showed a general decrease in activity level for all treatments over the course of the experiment
(Figure 4.1). In terms of correlations, phosphatase activity was correlated to B-glucosidase (r=
0.53), B-glucosidase was correlated to CBH and NAG (r=0.52 and 0.54 respectively), CBH
correlated to NAG and phenol oxidase (r= 0.93 and 0.46 respectively), and NAG was correlated

to phenol oxidase (r=0.43).

Of the six enzymes tested, B-glucosidase was the only enzyme to show differences based
upon experimental treatments; however this was further confounded by a three-way interaction
between snail density, mussel density, and site. NAG and phenol oxidase also showed
differences based upon site, with NAG exhibiting higher activity at site 3, and phenol oxidase a
reduction in activity at site 3. Phosphatase, CBH, and peroxidase showed no differences based

upon site or treatments.

Relating extracellular enzyme activities to our measured environmental variables showed
that B-glucosidase, phosphatase, CBH, and NAG all tended to have higher activity levels in
treatments with higher % C (r=0.78, 0.51, 0.47, and 0.57 respectively), which also corresponded
to treatments that contained mussels. We also observed that CBH, NAG, and phenol oxidase
were influenced by salinity, however the relationship was weaker for phenol oxidase (r= 0.53,

0.64, and 0.33 respectively).
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4.3.3 Methane Emissions

CHa emissions ranged between 0 and 32.25 mg CHs m h't with a mean annual emission
rate of 4.53 + 0.41 mg CHs m2 hr'! (39.68 g CHs m2y?) for all treatments combined. The
emission of CH4 from our sites showed a distinct seasonal pattern that followed our temperature
measurements (Figure 4.2), where emission rates were highest between July and October of
2013, at which point emission rates dropped in November, 2013 (Figure 4.3). CH4 emissions
stayed low throughout the winter months (November, 2013 — March, 2014) at which point
emission rates began to rise again until the end of the experiment (August, 2014; Figure 4.3). We
did not detect any correlations between CH4 emission and our measured environmental variables,
other than a weak negative correlation between CH4 emission and salinity (r=-0.36). However,
extracellular enzyme activity from four of the six enzymes assayed were correlated to CH4
emission (r=-0.41, 0.60, 0.62, 0.46 for phosphatase, CBH, NAG, and phenol oxidase

respectively).

CHas emissions showed a significant response (p<0.05) to our mussel treatments, where
CHas emissions were elevated when mussels were present (Figure 4.4). We did not, however, see
a significant effect due to snail density in our treatments, other than the three way interaction
between snail-mussel density and site. The differences observed in CHs emission with respect to
mussel density were more pronounced in the summer and spring months as opposed to the winter
months when CH4 emissions were relatively low (Figure 4.4). On an annual basis, CH4
emissions from treatments with and without mussels were 5.42 + 0.67 and 3.67 + 0.45 mg CH4

m2h, or 47.48 and 32.15 g CHs m y'! respectively.
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Figure 4.2 Temperature: Temperature (°C) measurements over the course of the experiment
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Figure 4.3 Annual Methane Emissions: Methane emissions (mg CHs m2 h'%) from three sites in a
southeastern Louisiana saltmarsh vegetated with Spartina alterniflora in each of six snail
(Littoraria irrorata) and mussel (Geukensia granosissima) density treatments. Measurements
were taken monthly from July, 2013 to August, 2014. Values are means £SE.
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Figure 4.4 Methane Emission and Mussel Density: Least-squared means of methane emission
(mg CHa m2 h't) + SE from a mixed effects model from three sites in a southeastern Louisiana
saltmarsh vegetated with Spartina alterniflora for each of two mussel density treatments.

4.4 Discussion

We examined the effects of differing snail and mussel densities on CH4 emissions and
extracellular enzyme activities in a S. alterniflora dominated salt marsh in southeastern
Louisiana. The data suggest that snail density may have influenced the emission of CHa, but site
effects were a confounding factor; however, the presence of mussels was related to an increase in

CHas emission. Additionally, B-glucosidase may have exhibited a treatment effect where mussel
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treatments exhibited increased activity, but this was further confounded by a site effect where we
observed significantly higher B-glucosidase activity at site 3, likely related to the other noticeable

characteristic of site 3, which was higher sediment % C relative to sites 1 and 2.

The seasonal pattern of CH4 emissions observed in our study clearly shows the effects of
temperature and seasonality on marsh CH4 gas production, and interestingly also shows that the
high variability in emissions from treatments that had the highest number of snails and mussels
at the beginning of our experiment completely disappears with the arrival of winter, indicating
changes in CHa production, as well as changes in the activities of the mussels used in this study
which could lead to increased methanogenic substrate. One probable explanation for this
temporary response in CH4 emission that we observed is that our treatment consisting of the
highest snail and mussel densities created an initial, temporary shock to the system, where two
organisms known to influence S. alterniflora production (Bertness, 1984b; Silliman and Zieman,
2001) are introduced at high densities and thereby affect CH4 emissions through the intermediary
of the plant. However, even as CH4 emissions were not related to snail density, we did see a
consistent significant trend with respect to elevated CH4 emissions related to mussel density, a

trend that continued even after the winter drop in CH4 emission rates.

The method by which G. granosissima influenced CH4 emissions in this study are
unknown and to our knowledge has not been investigated previously. It is likely that changes in
CHg emissions in our treatments with mussels are due to biogeochemical changes induced by the
mussels belowground. Geukensia dimissa (the Atlantic ribbed mussel) is known to increase S.
alterniflora production in Atlantic salt marshes (Bertness, 1984b), as well as altering soil nutrient
levels via filter feeding and biodeposition (Jordan and Valiela, 1982; Bertness, 1984b). It is also

possible that temperature increases due to the closed chamber method of measuring gases in
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wetlands had an effect on mussel activity. Ribbed mussels filter a large portion of water volume
in an inundated salt marsh and the result of this feeding behavior is that particulate organic
matter and waste products from the organisms that are high in N and P are consolidated and
deposited in the marsh sediment (Jordan and Valiela, 1982). While these belowground changes
in nutrient concentration could potentially alter CH4 emissions, it is likely that we would have
observed a corresponding change in extracellular enzyme activities related to mussel induced
nutrient loading. Since no treatment effect was observed for any of the N and P active
extracellular enzymes we tested, we cannot conclude that nutrient changes due to mussels are

implicated in the observed changes in CH4 emission.

One possible explanation for our observation of increased CH4 emission rates in the
presence of mussels is that biodeposition of feces and pseudofeces from G. granosissima into the
sediment could potentially create microzones, or small localized areas that differ in
biogeochemistry from the surrounding regions (King and Wiebe, 1980) that may have been
missed in our enzyme sampling. These microsites of nutrient rich biodeposition could lead to
rapid localized microbial growth, thereby depleting O> concentrations in the immediate vicinity.
This Oz depletion surrounding mussel biodeposits could lead to increased CH4 emissions simply
by creating a more hospitable anaerobic environment for methanogens in the rhizosphere.
However, in a sulfate rich salt marsh the increased anoxia would likely lead to increased rates of
sulfate reduction, thereby depleting the microzone of available sulfate first (King and Wiebe,
1980), at which point a switch to methanogenesis becomes favorable. Even as sulfate reduction
is known to preclude methanogenesis in marshes with ample sulfate, it has also been shown that

these processes can occur simultaneously (Oremland et al., 1982; Purvaja and Ramesh, 2001).
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Extracellular enzyme activities observed in this study were within the range of activity
observed in other salt marsh enzyme studies (Ravitt et al., 2003; Rietl et al., 2015), and activity
levels varied over the course of the year, revealing patterns that are useful in interpreting the
seasonal fluxes of nutrients at our study sites. Phosphatase activity has been shown to decrease in
response to phosphate additions (Allison and Vitousek, 2005), indicating that possibly for our
sites, phosphorus was readily available in the warmer months, but then quickly began to deplete
in winter, however many other factors could also influence phosphatase activity. This could be a
tidal response, as water levels at our sites were much lower for the winter months than for spring
and summer, indicating that rising tides bring in the majority of available phosphorus to our
sites. We also observed a late summer to autumn spike in CBH and NAG activity, which
precluded the rapid increase in phosphatase activity in January, 2014, however due to the three
month interval between sampling for enzyme activities we cannot conclude that these patterns in

activity are related.

CH, emissions from salt marsh ecosystems are often thought to be of negligible
importance in terms of global annual CH4 estimates; however the high degree of variability in
emission rates, and the potential for interactions that increase the emission of CH4 from a salt
marsh warrant further investigations into salt marsh CHs dynamics. Sasser et al., (2014) have
estimated that saltwater marsh occupies a land area of approximately 2,954 km? in coastal
Louisiana. Using this estimate, we find that without mussels present in the sediment these
marshes will emit approximately 0.10 Tg CHx y'%, and with mussels present that number
increases 33.3% to 0.14 Tg CHa4 y*. Extrapolating this finding to other salt marshes, especially to

those of the Atlantic coast of the USA where G. demissa densities have been found at >2000
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individuals m (Chintala et al., 2006), shows the importance of further research into salt marsh

CHa dynamics and the role that benthic macrofauna may play.
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CHAPTER 5: CONCLUSIONS
5.1 Conclusions

The preceding chapters illustrate ways in which methane (CHa) emissions from wetlands
can be altered by biota, as well as how microbial communities in salt marsh ecosystems are
structured under differing plant species. As CH4 production and consumption are microbial
processes, it is important that we understand the structure of these microbial communities, how
they function, the influence of vegetation, and how interactions between above and belowground

biota can affect CH4 production and consumption.

Fungal communities under S. alterniflora and J. romerianus were not differentiated and
appeared to be structured more by the environmental characteristics of each site rather than by
vegetation. However, the data suggested that bacterial communities were differentiated by
vegetation type, but that specific site characteristics may be of equal importance in structuring
these communities. Archaeal communities exhibited a pattern of plant species specific
distribution, however low recovery of archaeal gene fragments limited the power of our
statistical analyses. Archaeal community structure in wetlands is important because methanogens
are archaea, and plant specificity in methanogen communities may explain the observed plant
species specific responses found with respects to CH4 emission in the preceding mesocosom
experiment, as well as in other studies (Kao-Kniffin et al., 2010; Shultz et al., 2011). However,
no plant specificity for archaeal community structure was found when investigating the mcrA
gene of methanogens in the greenhouse mesocosom experiment. This may be due simply to the
nature of creating a mesocosom that will undoubtedly differ from field conditions, and due to the
low diversity of methanogens found in that study. Examining the mcrA gene under differing

plant species in natural field conditions may yield differing and informative results. This work is
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potentially important to aid future wetland managers, as there may come a time when state and
federal managers are tasked with managing for wetland greenhouse gas emissions to combat
climate change. A thorough understanding of CH4 emission rates from each plant species and the
underlying microbial communities associated with aboveground vegetation would be an
invaluable resource under such a situation. This is further highlighted by the finding that CH4
emission from P. hemitomon was up to 56% higher than that of the other plant species tested in

the mesocosom experiment.

The amount and type of nutrients in a wetland may also be valuable information with
regards to potential CH4 emissions. As was shown in the mesocosom experiment, a nutrient
treatment of 10 g N m appeared to suppress CH. emission as compared to either no nutrient
enrichment, or a higher nutrient enrichment (20 g N m) in P. hemitomon when no clipping
treatment was applied. Again, there is a great potential for managers of wetlands to utilize
findings such as this in order to assess greenhouse gas emissions from wetlands under state and
federal control. Data from the mesocosom experiment suggested that while nutrient enrichment
alone can suppress CH4 emissions in freshwater wetlands, interactions with plant disturbances
are equally important and future studies should work to tease out these effects on CH4 emission

under field conditions.

Understanding nutrient flows in wetlands requires an understanding of microbial
functioning, as nutrients are transformed by microbial communities via extracellular enzymes.
As was shown in Chapter 2, extracellular enzyme activities in salt marshes appear to be
influenced more by the environmental characteristics of a site, rather than by vegetation,
indicating that microbial communities under S. alterniflora and J. romerianus are functionally

similar regardless of the fact that bacterial and archaeal communities may be specific to each
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species. As was shown in Chapter 4, measuring extracellular enzyme activity over an annual
period can reveal important information about the wetland, such as what times of the year we can
expect higher amounts of microbial activity, and what nutrient transformations this activity is
related to. Monitoring of enzyme activities may also relate valuable information about CHa, as
was shown in Chapter 4 where CBH and NAG activities were highly correlated to CH4 emission.
This finding shows that, given an appropriate model and future research into refining such a
model, enzyme activities could provide information as to how much CHs a given wetland is
producing without measuring CHa directly. This could be beneficial as enzyme activities are
easier to measure than CHa as well as requiring less expensive equipment, and can provide
additional information about the nutrient status of the marsh. However, it is possible that this
correlation is simply due to overall microbial activity correlating to CH4 production and that
higher microbial activity, which could lead to increased anoxia, is influencing CH4 production.
Before such a model could be created, research into the short term temporal variability in
enzyme activity would need to be conducted to test the assumption that these activities could be

directly related to CH4 emission.

Wetland biota may also be important with respect to the production and consumption of
CHa. For example, the feeding behaviors of animals living in wetlands can alter CH4 emissions
rates (Bodelier et al., 2006; Dingemans et al., 2011; Petruzzella et al., 2015). The southern ribbed
mussel, G. granosissima, a known ecosystem engineer, can alter CH4 emission rates as shown in
Chapter 4 of this dissertation. Findings such as this are important, should wetland managers be
tasked with mitigating CHs emissions from wetlands. CHs emissions from salt marsh systems are
lower than that of freshwater systems, and are thought to be of little importance in terms of

global CHa estimates. However, if salt marsh mussels do indeed increase CH4 emissions as was
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found in Chapter 4 in other salt marshes, especially those of the Atlantic coast in the New
England area where G. demissa densities have been found at >2000 individuals m? (Chintala et
al., 2006), then salt marsh CH4 dynamics may become more important than previously thought.
In Louisiana, salt marsh land area is approximately 2,954 km? (Sasser et al., 2014). Using our
CHs measurements from S. alterniflora marsh, CH4 emission from coastal Louisiana can be
estimated to be approximately 0.10 Tg CH4 y*. With mussels present that number potentially
increases 33.3% to 0.14 Tg CHa y*. This finding clearly shows the importance of further

research into salt marsh CH4 dynamics and the role that benthic macrofauna may play.

Taken together, the results of the preceding chapters show that there is still quite a bit of
uncertainty with regards to variability in CH4 emissions from wetlands, what role wetland biota
play in regulating CH4 emissions, and the effects of vegetation on CH4 and microbial community
structure. Future research in these areas should attempt to accomplish to following: (1) an
understanding of the mechanisms behind how mussels in salt marshes can increase CH4
emission, (2) the relationship between plant specificity in CH4 emission and the community
composition of methanogens, and (3) the development of a model that allows for predictions of

CHg emission based upon extracellular enzyme activities.
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APPENDIX A

Al Supplementary Table for Chapter 2 Microbial Alpha Diversity: Alpha diversity
measurements in sediments taken from a south Louisiana, USA, saltmarsh (Bayou Dularge) that
was sampled for microbial community structure using lllumina MiSeq. Sediments were
vegetated with Juncus roemerianus, Spartina alterniflora, or taken from the edge between those
zones (Edge). Values are number of sequences analyzed (n) and the means +/- standard error
(n=4) for the estimated average coverage (%), species richness (Chaol) and diversity (inverse
Simpson index).

Kingdom Vegetation n % coverage richness diversity
Bacteria J. roemerianus 41,255 87.3+0.9 21,610+1,945 343434
S. alterniflora 41,255 83.4+1.1 30,958+3,043 197+33
Edge 41,255 87.3+0.7 21,862+1,380 213437
Archaea J. roemerianus 9,739 89.8+05 6,781+379 49+13
S. alterniflora 9,739 89.9+0.1 6,599+190 56+3
Edge 9,739 89.5+0.5 6,046+273 53410
Fungi J. roemerianus 25,721 66.2+1.0 68,481+4,100 | 323+112
S. alterniflora 25,721 65.0+2.1 63,124+2,398 | 511+291
Edge 25,721 63.9+1.4 68,367+1,961 372491
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A2 Supplementary Figure for Chapter 3 pmoA NMDS: An NMDS ordination of the
methanotroph pmoA gene in sediments taken from mesocosoms vegetated with Spartina
alterniflora (triangles), Echinochloa macrostachya (squares), or Panicum hemitomon (circles),
under no nutrient enrichment (black), 10 g N m (grey), or 20 g N m (white) based a binary
data sheet consisting of presence/absence of DGGE bands for each treatment.
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